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INTRODUCTION

The study of interphase nuclear organization and the distri-
bution of chromatin has been a subject of interest for over 100
years (23, 24, 131), yet there is little general consensus about
the significance of organization patterns, especially concerning
the intranuclear locations of individual chromosomes. General
questions which were first posed long ago remain pertinent.
Does chromosome organization influence genetic function?
Do chromosomes occur in reproducible patterns in the nuclei
of species? Is chromosome organization important for devel-
opment? Are chromosomes organized at random with respect
to each other? Other factors concerning intranuclear organi-
zation are now widely established, perhaps too dogmatically
(for example, that chromosomes occur in discrete domains).
But is this true of all cell types, and is it a general feature of all
organisms?

The major problem for our understanding of the functional
significance of nuclear organization is that a huge variety of
organisms spanning plants, fungi, and animals have been stud-
ied without any particular focus on any one. Furthermore,
within the species for which data exist, a range of tissue types
have been studied. Few groups, with some notable exceptions,
are systematically examining intranuclear organization within
well characterized cell types. The time is certainly right to
target the nucleus, since probes for nucleic acids and proteins

are widely available, as are fluorochromes that can be used to
label and investigate living cells. However, few systematic stud-
ies are emerging. What is present is a large series of snapshots
of different nuclei doing different things in different tissues in
different species. This review presents examples that go far
beyond the usual model organisms, but strangely, the model
organisms add little extra, since in large part the nucleus, as an
entity per se, has been ignored in developmental and cell
activity studies.

The review commences by describing the nuclear properties
of stem cells and dividing cell types (collectively called cycling
cells). Following from this, I will show how nuclear structure
can change with changing cellular activity in processes that do
not involve developmental change, e.g., events that can occur
during the cell cycle. The changes that occur are never as
dramatic as can occur during development and are perhaps
restricted to a certain framework established for the cell type.
A fundamental question remains central to our understanding.
Does nuclear organization drive changing cell activity, or is
it a consequence of that activity? Attention in the review
then moves to development. I have divided the developmental
processes into a series of possible nuclear outcomes, i.e.,
polyploidy, nuclear change without polyploidy, and nuclear
disintegration associated with apoptosis or programmed cell
death (PCD).

There is a clear need to study interphase nuclei more exten-
sively in model organisms. Data from different species are
difficult to unify because of widely different genome sizes,
chromosome numbers, complexity of cell differentiation, and
underlying genetics. Recently, intranuclear organization has
attracted increased interest due to in vivo studies using fluo-
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rescent markers of chromatin and proteins. It is hoped that this
review will enable workers in these fields to put their data in
the wider context of nuclei in different cell types and across
divergent taxa. The review concentrates on higher-order chro-
mosome organization and, to a limited extent, nucleoli and
proteins involved in pre-mRNA splicing. Other important
components of the nucleus, particularly nucleolar ultrastruc-
ture and proteins involved in ribosomal DNA (rDNA) tran-
scription, rRNA splicing, packaging, and export (for reviews,
see references 116 and 141), the nuclear envelope including
the nuclear pores (essential for compartmentalizing the nu-
cleus and enabling import into and export from the nucleus
[for a review, see reference 62]), and nuclear lamins occurring
on the inner face of the nuclear envelope (involved in main-
taining nuclear shape and anchoring chromatin at the nuclear
periphery in animal nuclei [for a review, see reference 124])
are not covered here.

NUCLEI OF CYCLING CELLS

The nuclei of stem cells and dividing cells, collectively called
cycling cells here, are distinctive because they represent a fun-
damental type of cell from which all differentiated cells are
derived (Fig. 1). It follows that the patterns of organization of
chromosomes, proteins, and nucleoli in cycling-cell nuclei may
also be arranged in a fundamental manner from which novel
patterns are formed during changing cell activity and develop-
ment. Cycling cells are found in all eukaryotes, and it is per-
haps in these cells only that unifying nuclear phenomena can
be sought. It is only in cycling cells that chromosomes are easily
observed, and as a consequence, their nuclei have been the
subject of much more intense study than have the nuclei of
more derived, differentiated cells. The review commences with
a discussion of nuclei of cycling cells because an understanding
of these nuclei is essential for a proper understanding of de-
rived cells. However, it must be remembered that cycling cells
represent only a small subclass of all cells in a typical eukary-
otic organism.

Rabl Configuration

Rabl (131) described how chromosomes remained in their
preceding anaphase configuration as the chromosomes decon-
densed into interphase following division. Boveri (23) exam-
ined Ascaris egg nuclei and showed that some chromosome
ends at telophase reappeared at the following prophase in the
same position, suggesting that chromosome distribution was
fixed during the cell cycle. The distribution of chromosomes, as
described by Rabl, results in nuclei with their centromeres
toward one pole and their telomeres at the other. Probing
interphase nuclei of cereal meristematic cells with a probe
against the telomeric consensus sequence (TTTAGGG)n and a
probe against the centromeric repeat (CCS1) localizes the two
sequences at opposite poles (5, 140) (Fig. 1A). This Rabl
configuration is shown diagrammatically in Fig. 2A.

The question whether the Rabl configuration is a feature of
dividing cells in all species requires some consideration. It is
clearly visible in dividing tissues of several plant species (41),
e.g., wheat (2) (Fig. 1A) and field bean (77) root tip meristem-
atic cells. In Chinese hamster cell cultures, localized UV mi-
crobeam damage to interphase nuclei, which are then allowed
to progress to metaphase, results in damage to one or a few
chromosomes in similar regions. Cremer et al. (43, 44) inter-
pret this result to mean that the chromosomes are arranged in
a Rabl configuration at interphase. Likewise, a Rabl configu-
ration is predicted at interphase in Indian muntjac lymphocytes

in both G1 and G2 nuclei by analysis of chromosome orienta-
tions following premature chromatin condensation experi-
ments (147). Funabiki et al. (56) used fluorescent in situ hy-
bridization (FISH) in combination with immunocytochemistry
to show that the centromeres of Saccharomyces cerevisiae (bud-
ding yeast) were highly clustered and associated with a spindle
pole body. More recently, FISH and green fluorescent protein
(GFP) labelling of yeast has shown that centromeres are at the
nuclear periphery and are clustered in one or a few (up to four)
patches at one pole of the nucleus (84, 106). The centromeres
are associated with the spindle pole body, which occurs outside
the nucleus, an interaction that may be mediated via microtu-
bules (64). The telomeres of yeast are not so strongly clustered
at the nuclear envelope and occur at the opposite pole in up to
20 sites (32 telomeres in haploid strains) (84). These data
strongly suggest a Rabl configuration throughout the mitotic
cell cycle.

Despite these and other examples of Rabl configuration,
there are examples of cycling cells where this organization of
chromosomes appears to be lacking. Chung et al. (38) used
FISH to analyze the positions of telomeres and minichromo-
somes in Trypanosoma brucei. The minichromosomes clustered
together, giving strong polarity to the nucleus, but the telo-
meres were polarized and peripheral in fewer than 30% of the
nuclei. In the remainder, they appeared more scattered across
the nucleus. In nuclear spreads of cultured human cells stained
for centromere proteins with CREST antibodies, the signal
appears over the whole area of the nucleus, with cell-cycle
dependent patterns observed (66, 152). There is no poleward
clustering of centromeres as there is in, for example, wheat
cycling nuclei (Fig. 1A). When lymphocyte nuclei are recon-
structed by confocal optical sectioning and probed by FISH for
centromeres and whole chromosomes, it is clear that the cen-
tromeres are predominately peripheral in G1 nuclei, with telo-
meres in a more internal location. During G2, the centromeres
become more internalized (52). These results certainly show
that centromeres can move during the cell cycle. Perhaps this
movement causes the loss of the Rabl pattern, which would
certainly be present at the end of anaphase.

It is possible that organisms with relatively small genomes
and/or chromosomes, as observed in humans and particularly
in Trypanosoma, mean that small shifts in centromere and
telomere positions disrupt the visualization of an underlying
polarity to the nucleus, which is clearly seen in organisms with
larger chromosomes and/or genomes. Such an explanation
could explain why UV microbeam experiments reveal a Rabl
configuration in cultured cells of Chinese hamster cells (43, 44)
but not in cultured human cells when probed for centromeres
or telomeres (52, 66, 152). Maintenance of a Rabl polarization
in the yeast genome, which is very small, may be unusually
stabilized by the close association of the centromeres with the
spindle pole body.

Chromosome Condensation

The nucleus of dividing cell types includes chromatin fibers
at different levels of condensation, and much has been written
on the subject (see, e.g., references 40, 110, and 112). Chro-
matin can occur in a form as condensed as at metaphase to as
decondensed as naked DNA fibers. Typically, however, the
DNA may be found folded around histones at the level of the
nucleosome or “solenoid” (30-nm fiber) or more condensed
depending on transcriptional or replication activity and se-
quence composition. Chromosomes themselves are thought to
remain within clearly defined domains, and local decondensa-
tion is thought not to cause the domain boundaries between
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adjacent chromosomes to become heavily intertwined (see
“Chromosome domains” below). Manuelidis (110) presented a
model showing that small structural changes in the conforma-
tion of DNA could occur rapidly and locally to expose nucleo-
somal DNA for transcription.

The control of DNA condensation is mediated via protein-
chromatin interactions and influenced by epigenetic phenom-
ena such as histone acetylation (76) and DNA methylation
(89). The abundance of cytosine methylation can vary widely
between species, among different sequences in the genome
(93), and across blocks of repetitive DNA (55). In species with
cytosine methylation, levels of methylation within the genome
can be correlated with chromatin condensation. For example,
individual units of 18S-5.8S-26S rDNA can have variable meth-
ylation levels, with the active units being decondensed and
undermethylated compared to inactive units (54, 100). In
mammalian cells, hypomethylation is associated with a dra-
matic inhibition of condensation in the inactive X chromo-
somes, particularly in the late-replicating regions of the chro-
mosome (67). This might be mediated via the methylation
status of the linker DNA between nucleosomes which may
regulate H1-dependent chromatin condensation (30).

Cook (40) challenged much conventional thinking on how
chromosomes condense and suggested that there are three
fundamental levels of organization: nucleosomes, loops of nu-
cleosomal DNA, and transcription factories. He suggested that
loops are connected to transcription factories that are fixed on
a nuclear skeleton and contain transcription factors, RNA
polymerases, and pre-mRNA splicing complexes. He proposed
that increased transcriptional activity may increase the number
of the factories by counteracting a tendency for them to fuse.
In contrast, during mitosis, the nuclear skeleton depolymer-
izes, transcription ceases, proteins become phosphorylated
(e.g., histone H1), and there is increased adhesiveness between
factories and nucleosomes. This model suggests little higher-
order organization of chromatin compaction and has not been
widely accepted. However, the presence of transcription fac-
tories in the nucleus is receiving increased interest (see “In-
terchromosomal domains” below).

The mean level of condensation of chromatin within the

interphase nucleus of dividing cells is influenced by the ge-
nome size of the organism (the proportion of the genome that
is genic) and also the overall activity of the cell (see “Dynamic
changes to interphase nuclei in cycling cells” below). The
amount of coding DNA is likely to fall somewhere between
that of yeast (6,000 genes [61]) and human (85,000 genes [42]).
In yeast, coding DNA accounts for ca. 70% of the DNA (61),
while in humans it is probably less than 5% (110). At inter-
phase, much of the remaining 95% of the DNA in humans will
be condensed to various degrees, up to a condensation state
similar to that found at metaphase (110).

Heterochromatin includes tandem repeat sequences and
whole or nearly whole chromosomes (109), and it is presumed
to be largely inactive (e.g., the Barr body, which is the con-
densed X chromosome in female mammalian cells [107]). In
human cycling cells, heterochromatin is often found either
attached to or associated with the nuclear envelope, as well as
at internal locations (Fig. 3A). Cavalier-Smith (35) postulated
that there is a structural role for this DNA to facilitate chro-
mosome organization at interphase via nuclear envelope inter-
actions. In the human karyotype, housekeeping genes are pre-
dominantly clustered in the T bands (136), the majority of
which are subtelomeric in location. DNA from these gene-rich
bands is likely to make up a substantial component of the
decondensed chromatin.

In cereal meristematic cell nuclei, the distribution of DNA is
nonuniform. The hemisphere of the nucleus that includes the
centromeres has more than 70% of the DNA (3). Fig. 1A
shows this for a wheat meristematic nucleus that is DAPI
(49,6-diamidino-2-phenylindole) stained (shown diagrammati-
cally in Fig. 2A). Transmission electron microscopy reveals
that almost all of the chromatin at the centromeric pole is
highly condensed (71). Much of the telomeric hemisphere of
the wheat nucleus is occupied by highly decondensed DNA
fibers with clumps of subtelomeric heterochromatin often as-
sociated with the nuclear envelope (3). Heslop-Harrison et al.
(70, 71) speculated that this region may be where most gene
expression occurs in cereal dividing cells. Abranches et al. (2)
tested the idea of localized transcription within the cereal
interphase nucleus by using BrUTP uptake and revealed a few

FIG. 1. (A and B) Triticum aestivum (wheat) root tip meristematic nuclei. (A) CCS1 labelling for centromeres (digoxigenin-fluorescein isothiocyanate [FITC], cyan
fluorescence) at one pole and the telomere consensus sequence (TTTAGGG)n, biotin-Cy3, red fluorescence) at the other. The red dots apparently outside the central
nucleus correspond to signal from the telomeric pole of an adjacent nucleus. The nucleus is counterstained for DNA (DAPI stain, blue fluorescence). Photo courtesy
of L. Aragon-Alacaide and G. Moore. (B) T. aestivum cv. Beaver carrying two 1Bl/1Rs chromosome arms has 1Rs detected by GISH (digoxigenin-labelled total Secale
cereale [rye] DNA-FITC, green fluorescence). Note that the two elongate 1Rs chromosome arm domains (arrows) with the condensed subtelomeric heterochromatin
fluoresce more strongly than the remainder of the arm. (C) Protophloem nucleus of T. aestivum cv. Beaver labelled by GISH with total rye DNA (digoxigenin-FITC,
green fluorescence). Note that the nucleus is much larger and more elongated than in panel B and is endoreduplicated; the single large 1Rs domain is in the center
of the nucleus; there is no evidence of elongate chromosome domains; and fragments of rye signal across the whole volume of the nucleus (arrows). (D and E) Sectioned
nucleus from a wheat meristematic cell. (D) The nucleus is counterstained with DAPI (blue fluorescence) for DNA. Note the two spherical nucleoli (arrows). (E) The
same nucleus section labelled for rDNA (digoxigenin-labelled pTa71 [59]-FITC, yellow fluorescence). The rDNA signal occurs outside the nucleolus (arrowed in panel
D) on a condensed chromatin fiber and inside the nucleolus on chromatin fibers with different levels of condensation (compare with panel D). (F and G) Root tip
meristematic metaphase (F) and interphase (G) of the hybrid Hordeum vulgare (barley) 3 Secale africanum (wild rye) labelled by GISH with total DNA from the wild
rye parent (digoxigenin-FITC, yellow fluorescence) and counterstained with propidium iodide for DNA (orange fluorescence). (F) The metaphase plate shows genome
separation, with seven chromosomes of wild-rye origin at the periphery and the seven chromosomes of barley origin at the center. (G) Genome separation at interphase
with wild-rye chromatin outside the central barley genome. Panels F and G are taken from reference 101. (H) Chromosome painting of a metaphase and interphase
nucleus of female fibroblasts of Muntiacus muntjac vaginalis (Indian munjac), chromosome 1 (biotin-Cy5, white), chromosome 2 (FITC–12-dUTP, green), chromosome
X 13 (Cy3-dUTP, red) (157). Note that the chromosomes occur in discrete unpaired domains at interphase. Photograph courtesy of F. Yang and M. Ferguson-Smith.
Taken from Chromosome Research. (I) Diagram of human fibroblast prometaphase showing the positions of chromosomes 7, 8, 16, and X (from reference 120). Note
that a complete set of identified chromosomes are drawn on each side of the prometaphase, suggesting genome separation. Nagele et al. (120) also suggest that there
is an order of chromosomes in each genome (i.e. 7, 16, X, 8) in two antiparallel sets. (J to O) Funaria hygrometrica (moss) nuclei from caulonemata (J to N) and from
a thallus cell (O). (J to L) DAPI-stained nuclei (blue fluorescence) from an apical cell (J), cell 8 (K), and cell 15 (L) of the caulonemata filament. Note the increasing
size and elongation of nucleus and the accumulation of rDNA heterochromatin (arrows). (M to O) Immunocytochemistry to detect D-polypeptide of the spliceosome
complex (FITC detection, green fluorescence). In addition to a uniform dispersal of signal across the nucleus but outside the nucleolus, there is one coiled body in the
nuclei of cells 4 (M) and 10 (N) of caulonema and two coiled bodies in the nuclei of thallus cells (arrows). All coiled bodies are associated with the nucleolus (O). (P
to T) Spermatogenesis in Schistocerca gregaria (locust) stained blue for DNA with DAPI (blue fluorescence) and labelled for rDNA (pTa71, digoxigenin-FITC,
green/cyan fluorescence). (P to R) Detection of rDNA in double exposures with DAPI (blue/cyan fluorescence). (P) Early spermatid nucleus with two rDNA loci. (Q
and R) Increasingly mature and elongated spermatid nuclei. Note the elongating rDNA loci. (S and T) Fully mature and elongated spermatozoan nucleus, DAPI stained
(S) and probed for rDNA (T, yellow fluorescence). Note that all the rDNA signal (yellow) is basal to the nucleus, suggesting intranuclear migration of rDNA. Scale
bars, 15 mm for panels A, B, C, F, G, M, N, O, P, Q, R, S, and T; 10 mm for panels D and E; and 20 mm for panels H, J, K, and L.
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hundred foci or centres, perhaps representing transcription
factories, but these occurred across the volume of the nucleus
and were not restricted to a particular pole.

Chromatin condensation across the nucleus is not static, and
changing patterns do occur through the cell cycle and during
cell differentiation, as described below. The mechanism by
which changing DNA condensation patterns influence, or are

influenced by, phenomena such as DNA methylation and his-
tone acetylation is unknown.

rDNA Distribution

In many organisms rDNA occurs in high copy numbers, with
the number of units varying widely between organisms, e.g.,

FIG. 2. Diagrammatic projections of a root tip meristematic nucleus of a wheat cultivar that carries a 1Bl/1Rs translocation. The intensity of the blue coloration
gives an indication of overall DNA condensation levels across the nucleus. The black circle is a nucleolus. (A) The nucleus is drawn in the Rabl configuration, with
centromeres clustered at one pole (red) and telomeres at the other pole (yellow). (B) The same nucleus with the inclusion of the 1Rs chromosome arm domains (green),
showing different levels of condensation. The rDNA loci (purple) on the 1Rs chromosome arms are drawn condensed and inactive and occupy the region of the nucleus
with the highest overall level of DNA condensation. The rDNA loci from wheat chromosomes 6B and 5D are drawn extended through the nucleolus and with varying
thickness to illustrate different levels of condensation and activity along each locus. (C) The same nucleus with the inclusion of a central domain to illustrate the
possibility of genome separation within these nuclei.

FIG. 3. Electron micrograph of a stimulated lymphocyte (A) and a human granulocyte (B). (A) The nucleus (n) has many decondensed chromatin fibers throughout
its volume. Condensed fibers are found at the nuclear periphery. (B) The highly lobed nucleus has a thin filament of chromatin connecting the lobes (arrow). Large
amounts of condensed chromatin are found close to the nuclear envelope and in clumps internal to the nucleus. Magnification, 35,000.
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140 rRNA genes in S. cerevisiae (haploid, unreplicated [61])
and 31,000 in Hyacinthus orientalis (80; compare the table of
species in reference 4). Species with thousands of copies in the
basic genome almost certainly have rDNA units that are re-
dundant and nonfunctional (53).

In species with an apparent excess of the number of rRNA
genes to sustain ribosome biosynthesis, many of the inactive
gene can occur as condensed chromatin (e.g., in the pea Pisum
sativum [135]). In wheat, both decondensed and condensed
18S-5.8S-26S rDNA occurs inside the nucleolus (compare the
in situ signal with the DAPI signal in the nucleoli in Fig. 1D
and E) while only condensed rDNA is found outside the nu-
cleolus (99, 100) (Fig. 2B). In the root tip, cycling nuclei of
wheat cultivars that contain the short arm of rye chromosome
1R (1Rs), the rDNA on this chromosome remains silent and
condensed (100) (Fig. 2B). However, in haploid, dividing nu-
clei of germinating pollen, the 1R rDNA locus in a wheat
background is decondensed and active (144), showing that the
intranuclear organization and activity of the loci are dependent
on the type of cycling cell.

The activity of rDNA at individual loci can also change
through the cell cycle. In Petunia hybrida root tip meristematic
nuclei, there are four rDNA sites, two are active through most
of the interphase stages of the cell cycle. However, after divi-
sion at telophase/G1, all four rDNA sites show signs of activity,
suggesting either cell cycle or ribosome demand regulating
gene expression at individual loci (115).

The precise location of actively transcribing genes within the
nucleolus is still a matter of controversy, although transcription
probably occurs in the dense fibrillar component associated
with the fibrillar centers (117). Activity of the genes causes the
accumulation of preribosomes as a granular component. In
cereal meristematic cells, active rDNA loci tend to become
clustered in a domain of the nucleus which appears to favor
their transcription (18) (Fig. 2B). In human cell cultures, sim-
ilar clustering of rDNA-bearing chromosomes is often main-
tained in the subsequent metaphase (139).

Nucleoli are dynamic structures in their activity, size, posi-
tion, and number. These changing parameters must also affect
the surrounding chromatin, which does not become incorpo-
rated into the nucleolus during changes in nucleolar size and
number. The total nucleolar volume is determined predomi-
nantly by the transcriptional activity of the rRNA genes and
the number of stored preribosomes in the granular component.
Jordan et al. (86, 87) showed that the nucleolar volume de-
creases in cereal meristematic nuclei at high temperatures,
probably because increased cytoplasmic demand for ribosomes
leads to fewer stored preribosomes as a granular component
(98).

Chromosome Domains

Boveri (23) was first to suggest that chromosomes at inter-
phase occurred in territories. More recently, “chromosome
painting” of animal chromosomes (105, 128) (Fig. 1H) and
genomic in situ hybridization (GISH) of plant chromosomes
(73, 118) (Fig. 1B, F, and G) have clearly demonstrated that
chromosomes of cycling cells occur in nonintermixed domains.

A detailed structural examination of chromosome domains
in interphase nuclei of human cycling cells shows that the
chromatin is folded differently both between and within indi-
vidual domains that reflect different types and/or activities of
chromatin (45). Homologues can show different levels of DNA
condensation. In cultured cycling female human amniotic cells,
the inactive X chromosome domain has a similar volume to the
active X domain but the surface area of the active X is signif-

icantly higher, suggesting that transcriptional activity is associ-
ated with chromatin folding at the domain periphery (49).
Kurtz et al. (94) analyzed the positions of three genic se-
quences in cultured human interphase cells and found that
they occurred in characteristic positions at the periphery of
chromosome domains; these positions were not altered by
transcriptional activity. The surface area of a chromosome
domain is important not only because it is probably gene rich
but also because it interacts with the nuclear space between
chromosome domains, where gene transcription, mRNA splic-
ing, and protein and mRNA transport are thought to occur
(160).

Chromosome paints have been made for the three chromo-
somes in the Indian muntjac (Muntiacus muntjac vaginalis;
2n 5 6), and these reveal rounded chromosome domains at
interphase (157) (Fig. 1F). Chromosome domains are also
visible in wheat carrying the rye chromosome arm 1Rs. This
arm can be detected using GISH with total genomic rye DNA
as a probe (Fig. 1B; shown diagrammatically in Fig. 2B). The
chromosome domains appear more elongated than those seen
in mammals (compare Fig. 1B and H). The difference could
reflect the larger genome size of wheat (4C 5 69.3 pg [Angio-
sperm DNA C-Values Database, http://www.rbgkew.org.uk
/cval/database1.html]), Indian muntjac (4C 5 20.4 pg [DNA
Mammalian Genome Size Database, http://www.unipv.it
/webbio/dbagsdb.htm]), the sequence composition of the chro-
mosomes, or differences in plant and animal chromatin con-
densation.

Interchromosome Domains

The interchromosomal domain (ICD), occurring between
the chromosome domains, is thought to be an important struc-
tural and functional compartment of the cycling cell nucleus
(160). Protein and mRNA transport is thought to occur here as
well as transcription and pre-mRNA splicing, all at the surface
of the chromosome domains. Bridger et al. (26) transformed
cultured human cells with the Xenopus vimentin gene carrying
a nuclear localization signal and showed that the vimentin
formed extended, interconnected arrays of filaments that were
curvilinear, circular, or branched. The arrays were interpreted
to lie within, and be part of, the ICD. Similar ICDs have been
revealed in cultured mammalian cells as a reticular network of
ribonuclear particles associated with pre-mRNA splicing (146).
Nuclei can also have elongated tracts of mRNA in animal
nuclei (156), and these too probably occur in the ICD.

The ICD of the nucleus has a complex of proteins and
nucleic acids. Perhaps the best localized are the small nuclear
RNAs (snRNAs), small nuclear ribonucleoproteins (snRNPs),
and non-snRNP splicing factors (31–34) that have been local-
ized in the nucleoplasm of cultured mammalian cells. Proteins
involved in pre-mRNA splicing can be dispersed and can occur
as speckles and foci with patterns depending on cell activity or
type. When foci colocalize with b-coilin, they are termed coiled
bodies. Coiled bodies have an intimate relationship with the
nucleolus (Fig. 1M and N) and are distinct from intranuclear
speckles (31). The role of speckles and foci is still a matter of
debate (for a review, see reference 95), but it is likely that the
distribution of splicing factors is dynamic, with mRNA being
transcribed and processed at the gene locus, and that splicing
factors shuttle from speckles in the ICD. Coiled bodies are not
found in some cell types (160), and they do not colocalize with
pre-mRNA, poly(A) mRNA, the splicing factor SC-35 and
DNA. This indicates that they too are probably not directly
involved in splicing but may be involved in snRNP storage,
maturation, or transport (95).
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Chromosome Distribution

The organization of chromosomes in cells at division has
been unclear, and many data obtained before the 1990s are
contradictory (see, e.g., references 9, 41, 151, and 155). Often
this is because data were taken from spread chromosomes,
where three-dimensional information has been lost, or mitotic
inhibitors were used to accumulate metaphases and these may
have perturbed chromosome position (133). For these reasons,
and because the data from metaphase spreads is well reviewed
(155), this review has concentrated on data derived by probing
nuclei for specific proteins, nucleic acids, and chromosomes or
by using electron or light microscopy to reconstruct in vivo
nuclear organizations.

Labelling of specific chromosomes by in situ hybridization
suggests little or no association of homologous chromosomes
in dividing human cell types, e.g., amniotic cells (129), fibro-
blasts, (51), lymphocytes, (37), and HeLa cells (120, 121). Fig-
ure 1F shows that the homologues in a muntjac metaphase and
interphase cell are also not tightly paired, since six domains are
clearly visible. However, it is easy to envisage that in a nucleus
like this, which has so few chromosomes, direct contact be-
tween almost any chromosome combination could be possible
in the active nucleus.

Tight pairing of homologues is a feature of dividing cell
types in the diptera, including Drosophila melanogaster (41);
this association can be maintained into differentiated cell types
(68, 74). Using FISH, Kleckner (90) and Burgess et al. (29)
report that homologue association and pairing occurs in dip-
loid cells of S. cerevisiae (yeast), where homologues appear to
have multiple interstitial pairing contacts in dividing cells at G1
and G2, although this is disrupted in the S phase of the cell
cycle. Burgess and Klechner (29) also demonstrated that in-
teractions of loci on nonhomologous chromosomes can occur,
perhaps as a consequence of nonspecific centromere cluster-
ing. Kleckner and Weiner (91) speculated that one function of
somatic pairing and association of homologues in yeast may be
to enable recombinational repair of DNA in G1 and G0 cells in
the absence of sister chromatids. Both D. melanogaster males
and S. cerevisiae also have achiasmate meiosis, and this may be
linked in some way to somatic homologue pairings and asso-
ciations.

Higher plants have a life cycle that includes an alternation of
generations between a haploid stage and a diploid stage, and it
is interesting that early land plants are thought to have had a
dominant haploid generation. In haploid plants, homologue
pairing without nuclear polyploidy is therefore not possible.
Labelling of root tip meristematic cells of several plant species
shows no pairing of homologous chromosomes (Fig. 1B) (2, 18,
19, 70). However, this may not be the case in all tissues, for
example in tapetal cells of the wheat anther (see “Nuclear
differentiation and the distribution of chromatin and chromo-
somes” below). The plant Bryonia dioica may be unusual in
that it shows tight associations of homologues in root tip meta-
phase (46).

It has been proposed that for dividing cell types, heterolo-
gous chromosomes may occur in organized patterns with re-
spect to each other in many organisms. Bennett (17) proposed
that parental haploid genomes were spatially separate and
acted to some extent independently. In hybrid plants, parental
genomes can be localized and their positions can be analyzed
(Fig. 1F and G). Genome separation has been observed
through the cell cycle in the hybrid plant Hordeum vulgare
(barley) 3 Secale africanum (wild rye) (Fig. 1F and G) (101).
Here the chromosomes of wild rye can be seen to be spatially
separate and to lie outside the central barley chromosomes

(Fig. 1F and G). Haploid genome separation has also been
observed in mammal cell fusion hybrids (25), early mouse
embryos (126), and human fibroblasts and HeLa cells (120)
(Fig. 1I). It has also been observed in the wasp Nasonia vitrip-
ennis, where it forms the basis of the haplo-diploidy and en-
ables sex determination (154). Here a single chromosome,
called the paternal sex ratio chromosome, causes the conden-
sation, peripheralization, and elimination of all paternal chro-
mosomes in the zygote except the paternal sex ratio chromo-
some to confer maleness to the zygote (154). The mechanisms
underlying genome separation in these examples is unknown
but may be mediated via genomic imprinting. The model of the
wheat interphase nucleus (Fig. 2C) shows how the parental
genomes are organized with respect to each other if the orga-
nization patterns are as those observed in barley 3 wild rye
hybrids (Fig. 1G).

Bennett (18) suggested that in addition to genome separa-
tion, chromosomes can be distributed in predictable patterns
within each haploid genome set and that the pattern can be
derived from accurate measurements of chromosome arm
sizes. Bennett (19) reported that his approach accurately pre-
dicts the mean spatial order of centromeres in metaphases of
four grass species and can be used to arrange the chromosomes
of maize in a manner that is similar to alignments of maize,
wheat, and rice chromosomes into syntenic or linkage groups.
Nagele et al. (120, 121) have also suggested that in addition to
genome separation, chromosomes occur in specific patterns
with respect to each other in cultured human fibroblasts and
HeLa cells (Fig. 1I). They show that chromosomes organized
at prophase are organized in radial arrays (or rosettes), segre-
gated into tandemly linked haploid sets of 23 chromosomes
with homologues of chromosomes 7, 8, 11, 16, 21, and 22 on
opposite sides of the rosette.

The results of Nagele et al. and Bennett both suggest a
fundamental organization of chromosomes in cycling cell
types. Bennett (18, 19) suggested that this organization may
play important roles in the activity of the nucleus and in main-
taining synteny between species. Clearly it would be interesting
to apply Bennett’s model (18) to the data set of Nagele et al.
(120, 121). If there are specific patterns of chromosome orga-
nization within the nucleus of cycling cell types, these patterns
may not necessarily be maintained in nuclei of cells that have
stopped cycling and are differentiated (see below).

These data have demonstrated considerable intranuclear or-
ganization, including phenomena such as the Rabl configura-
tion, chromosome domains, and interchromosome domains, in
dividing cells. Chromosomes also can be arranged in different
patterns in different species, although the full biological signif-
icance of this order has still to be realized. Unfortunately, the
dispersed nature of the data, derived from disparate organisms
with different chromosome numbers, genome sizes, and chro-
mosome morphologies, has hampered our understanding of
the functional role of intranuclear chromosome distributions.
Furthermore, many data have been obtained from experiments
with cells growing under widely different conditions, which
potentially make underlying patterns hard to determine. The
effects of cell activities on nuclear organization are described
below.

DYNAMIC CHANGES TO INTERPHASE
NUCLEI IN CYCLING CELLS

This section deals with dynamic nuclear organization within
a cell type following changing cellular, metabolic, or transcrip-
tional activity. Changes that occur as a direct consequence of
cell differentiation in development are considered later.
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Dynamic changes to patterns of chromatin condensation are
associated with altered cell activity and the cell cycle. Within
the nucleolus, increased rDNA transcription is associated with
an altered distribution of rDNA heterochromatin (142) as well
as changing size and number of nucleoli (86) and nucleolus
ultrastructure (78). Phytohemagglutinin stimulation of mam-
malian lymphocytes promotes the cell into the cell cycle from
G0 and causes the decondensation of chromatin and changing
ultrastructure of the nucleolus, particularly a decrease in size
and an increase in the number of fibrillar centers (50, 79, 81).
In human lymphocytes, these changes are accompanied by a
loss of association of chromosome 15 (103) and of nucleolar
organizing regions (145) on chromosomes 13, 14, 15, 21, and
22.

Over short timescales there appears to be little chromatin
mobility. Abney et al. (1) laser bleached fluorescently labelled
living interphase nuclei of mammal cultures (HeLa and Swiss
3T3 cells) and showed that chromatin was immobile over times
of around 1 h and over distances greater than 0.4 mm. Simi-
larly, Shelby et al. (143) labelled centromeres of HeLa cells
with GFP-cenpB conjugates (cenpB is a centromere-binding
protein) and showed that most centromeres remained more or
less motionless for up to 2 h.

Over periods equivalent to that of the cell cycle, nuclear
changes have been observed. Ferguson and Ward (52) flow
sorted human lymphocytes stimulated into G1, S and G2 phase
and, using in situ hybridization, observed that in G1, nuclei
centromeric regions of the investigated chromosomes were at
the nuclear periphery. Progression to G2 was accompanied by
a shift in the positions of the centromeres toward the nuclear
interior. Similar cell cycle-dependent relocations of centro-
meres have also been observed using anti-centromere antibod-
ies (66, 152).

In wheat carrying chromosome arm 1Rs, increased tran-
scriptional activity at elevated growing temperatures results in
an overall decondensation of 1Rs in the meristematic cells of
the root. This decondensation causes the chromosome do-
mains to elongate, which in turn is associated with increased
decondensation of rDNA and, an increase in the number and
a decrease in size of nucleoli (60, 98).

Structural studies on chromosome domains have been per-
formed in vivo. Zink et al. (159) incorporated Cy3-AR3-dUTP
(a fluorescent analogue of dTTP) into replicating DNA and
observed shape and positional changes of chromosome do-
mains at interphase after several rounds of the cell cycle. Li et
al. (104) and Robinett et al. (134) transformed yeast and a
Chinese hamster cell line with multiple copies of the lac oper-
ator and observed these sequences in vivo over time with
GFP-linked Lac repressor protein. They observed changing
condensation patterns of a heterochromatic block through the
cell cycle. During DNA replication, the heterochromatin
moved to the nuclear interior, decondensed, and replicated to
form linear chromatids. These then condensed during G2 in-
terphase and were seen as a compact mass.

In the plant Bryonia dioica, at late S of interphase, con-
densed chromatin disperses (12). However, this dispersion is
not dependent upon DNA synthesis, since inhibition of S phase
does not inhibit the dispersion (13). Barlow (13) speculated
that DNA conformation is established in late S phase for DNA
synthesis without the requirement for DNA synthesis itself.

All these data suggest that changes in the distribution of
chromatin and levels of chromatin condensation are associated
with changing cell activity. The time frame for these changes is
typically many hours within the timescale of the cell cycle.
However, in most of these cases the changes are subtle and
occur within a framework defined by the cell type being inves-

tigated. This is unlike many of the events associated with cell
differentiation, where the nuclear framework changes com-
pletely. Gross reorganization of the nucleus is probably asso-
ciated with a changing cellular role, as occurs during cell dif-
ferentiation and development, the subject of the following
sections of the review.

NUCLEI OF NONCYCLING CELLS

This section details the many ways in which a nucleus can
reorganize in association with development. Nuclei do change
in development. Nuclei of differentiated cells are frequently
distinct from those of cycling cells. In brief, the process of cell
differentiation can alter, sometimes profoundly, the way the
nucleus is organized; its volume and shape; the overall con-
densation and distribution of the chromatin; the number, size,
and distribution of nucleoli; and the nuclear protein content.
Differentiation of the cell is often mirrored by changes to the
nucleus, although which comes first and whether changes to
the nucleus drive or are driven by cell differentiation are not
known.

Cell differentiation is divided into three categories depend-
ing on the fate of the nucleus: (i) cell differentiation associated
with polyploidy, including endoreduplication, polyteny, and
endomitosis; (ii) cell differentiation associated with reorgani-
zation of some, many, or all components of the nucleus without
changing the nuclear ploidy; and (iii) cell differentiation asso-
ciated with nuclear disintegration, which may or may not be
followed by cell death.

Nuclear Differentiation with Polyploidy

A common way for a nucleus to differentiate in development
is by undergoing many rounds of DNA synthesis without an
accompanied cell division, i.e., a process of nuclear poly-
ploidization. Nuclear polyploidy is commonly encountered in
eukaryotic tissues, and its occurrence in plants and animals is
well reviewed (27, 122). There can be several types of polyploid
nucleus even within a single organism, although the functional
distinction of each is not understood. Therman (149) demon-
strated this very nicely and showed a range of polyploid nuclear
types in human (Fig. 4). This section of the review details some
of the range of polyploid nuclei and attempts to define some of
their properties, including how intranuclear components are
organized. It concludes by summarizing potential roles of nu-
clear polyploidy, which is assumed to go beyond just the am-
plification of genes.

General types of polyploidy. Nuclear polyploidy can hugely
increase the DNA content of a cell. Nagl (122) reviewed max-
imum levels of polyploidy and reported values as high as
8,192C in the suspensor cells of the plant Phaseolus coccineus
and 524,288C (i.e., 219C) in silk glands of the insect Bombyx
mori. Therman (149) reviewed several mechanisms that give
rise to polyploidy. (i) The first is endoreduplication, where
genomes replicate without cell division. This is common. In
many organisms the chromatids remain tightly associated,
forming polytene chromosomes, and these have been found in
a diverse range of tissues and taxa (see the table in reference
122). In Drosophila, many tissues of the embryo contain cells
with polytene chromosomes (74), and in vascular plants, they
regularly occur in synergid and tapetal cells (122). (ii) Another
mechanism is endomitosis, where replicated chromosomes
condense as if entering mitosis but then do not segregate;
instead, they remain together within a single nucleus. Endomi-
tosis has been elegantly filmed in vivo in colchicine-treated
plant endosperm cells. The sister chromatids at metaphase can
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be seen to separate but not to segregate, leading to chromo-
somes in “ski pairs” (11). A process like this is thought to be
important in plant evolution, where increases in chromosome
number in germ cell lineages give rise to polyploid gametes. Up
to 70% of angiosperms and 95% of pteridophyte species are
thought to have undergone polyploidization in their evolution
(102).

Differential amplification, where there is nonuniform ampli-
fication of particular sequences, chromosomes, or subsets of
the chromosomes is also encountered in plants (149) (see be-
low) and animals (122). In D. melanogaster, this is associated
with underrepresentation of heterochromatin (57, 69). Poly-
ploidy may also be accompanied by genome reorganization via
DNA splicing, as occurs in the ciliate Oxytricha (122), and by
polytene chromosome breakage, as occurs in some cells of D.
melanogaster (74).

Polyploid nucleus differentiation. It is often difficult to mon-
itor the fate of nuclei during cell differentiation, because events
occur within complex three-dimensional tissues. Perhaps for
this reason, few polyploid cell lineages have been examined
during development. However, during development polyploid
nuclei can themselves differentiate. In ciliates, this is associated
with a complete restructuring of the genome (130). In Delia
antiqua (Diptera), polytene chromosomes develop in nurse
cells that nourish the oocyte. During maturation of the oocyte,
the polytene chromosomes condense and then fall apart as a
large number of separate, highly condensed metaphase-like
chromosomes before decondensing into an apparently “ordi-
nary” polyploid nucleus (68). The reasons for these transitions
are unknown.

Moss caulonemata lend themselves to developmental stud-
ies of the nucleus because cell and nuclear differentiation can
be observed over time in vivo (92). Caulonemata are filaments
of cells growing by cell division of an apical cell. Nuclei of the
apical cell are haploid and spherical with a large central nu-
cleolus. Mitotic divisions of this cell cut off a linear series of
cells behind. Nuclei of these cells undergo polyploidy up to 8C
(Fig. 1J to L), increase their volume, and acquire long polar

extensions (Fig. 1L). The increase in DNA amount does not
occur by DNA doubling as is usual for polyploid cells (1C, 2C,
4C, 8C, e.g., as can occur in polyteny [122]) but by the addition
of single genomes (1C, 2C, 3C, . . . 8C). This suggests differ-
entiation between the haploid genomes such that only one
genome at a time replicates (92). Such specialization of com-
ponent genomes may be mediated through DNA methylation
or other genomic imprinting mechanism.

In the development of roots of higher plants, the cell lin-
eages giving rise to protophloem cells become polyploid (47,
48). In wheat, development starts at the root apex in a series of
well-defined steps in which changing patterns of nuclear mor-
phology are observed. Initially there are formative divisions. At
completion, the nuclei endoreduplicate and the chromatin be-
comes condensed and peripheralized but the nuclear volume
does not decline. Thereafter, the nucleus becomes lobed and
fragmented, and small dense chromatin masses lie at the pe-
riphery of the cell, often surrounded by membranes that con-
nect with the endoplasmic reticulum (16, 47). Thus, in the
protophloem lineage, nuclei enlarge and endoreduplicate, the
DNA condenses, and the nucleus fragments.

These examples show that nuclear polyploidy is involved in
development and that during the course of cell differentiation,
the nucleus can enlarge its DNA content in different ways.
Furthermore, once DNA replication is complete, the nucleus
can continue to change and undergo further differentiation.
The reasons for these complexities are unknown.

Chromosome distribution in polyploid nuclei. Apart from a
few examples, very little is known about the distribution of
chromosomes in polyploid nuclei. The best understood are the
chromosomes in polytene nuclei of the diptera. Here, homo-
logues are intimately paired as well as endoreduplicated (122),
and in some cell types they are organized in a Rabl configu-
ration that is thought to have been established in early diploid
cells (63). Hochstrasser and Sedat (74) showed that in D.
melanogaster polytene nuclei of prothoracic and salivary gland
cells, heterologous chromosomes can also be associated. Chro-
mosome arm 2L is regularly next to 2R and 3L is next to 3R.

FIG. 4. (a to e and g) Variation in the morphology and ploidy levels interphase nuclei from human female cell types. (f) Nucleus from a pea root. Taken from
reference 149.
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In some species of mosquitoes, there is such extensive pairing
of heterologues that mapping of polytenes using polytene cell
spreads is almost impossible (21). These examples of het-
erologue interaction may well play a role in the regulation of
nuclear activity, perhaps through the interactions of gene reg-
ulators on genes of adjacent chromosomes.

In wheat cultivars that carry the rye chromosome arm 1Rs,
the distribution of 1Rs during the development of vascular
tissues can be examined. Meristematic nuclei show two elon-
gate 1Rs domains arranged in a Rabl configuration (Fig. 1B).
After endoreduplication, this pattern of nuclear organization is
lost, the Rabl configuration disappears, and, instead, some
nuclei show one large region of rye chromatin (as identified
using GISH [Fig. 1C]). Endoreduplication is associated here
with an entirely different organization from that found in mer-
istematic cells.

Significance of polyploid nuclei. It is generally assumed that
polyploidy occurs to amplify genes without the energetically
demanding process of cell division. Thus, many secretory cell
types are polyploid (e.g., D. melanogaster salivary gland cells).
Polyploid nuclei can be induced following some form of stim-
ulus; for example, when resistant cultivars of barley are chal-
lenged with powdery mildew, there is a detectable increase in
ploidy levels after only 2 h (10). This may occur to generate
sufficient gene product to elicit the resistance response.

A gene amplification-expression argument to explain poly-
ploidy does not explain the several types of polyploidy found in
a single organism (Fig. 4) or why polyploid nuclei themselves
undergo developmental changes. In the formation of the
polyploid macronucleus of ciliates, development is associated
with the elimination of nonfunctional DNA, the restructuring
of the DNA, and the massive amplification of functional genes
(130). In D. melanogaster larvae, polytene chromosomes of the
gut can appear broken, with autosome arms apparently sepa-
rated across the nucleus (74). Perhaps polyploidy is associated
with chromatin fragmentation and genome restructuring oc-
curs more commonly than is generally thought, but there are
too few data to confirm this. There are other potential roles for
polyploidy. In polyploid nuclei, chromosome arms might be
able to associate in a manner that is impossible without mul-
tiple copies of each chromosome. Such interactions might be
important for chromosome trans-sensing (148). Alternatively,
nuclear polyploidy could amplify the genetic component of a
cell which is destined to be long-lived and perhaps vulnerable
to mutation. In so doing, nuclear polyploidy might extend the
duration of cell viability.

This section has shown that a range of polyploid nuclear
types can be found in a single organism and that polyploid
nuclei can themselves differentiate during the course of devel-
opment. Little is known about the intranuclear structure of
polyploid nuclei, except perhaps in cells of D. melanogaster
with polytene chromosomes (74, 75). Both homologue and
heterologue associations can be found in polyploid nuclei
along with differential amplification and chromosome frag-
mentation. The full significance of polyploidy is unknown.
However, it could play roles in gene amplification, genome
restructuring, chromosome interactions, and cell longevity.

The following section addresses the fate of nuclei during cell
differentiation, but in this case without associated polyploidy.
There are similarities to polyploid nuclei, including associa-
tions of homologous and heterologous chromosomes and sub-
stantial structural reorganization of the nucleus from that
found in cycling cells.

Nuclear Differentiation without Polyploidy

Nuclei can reorganize in development without undergoing
polyploidy, although how and why the nuclear changes occur is
largely guesswork. More work is needed to relate changing cell
activity and the expression of genes in development to specific
organizational properties of the nucleus, including the intranu-
clear distribution of genes and chromosomes. Only then will
the full functional significance of nuclear organization in dif-
ferentiated cells be properly understood. This section illus-
trates the different organizational properties of differentiated
nuclei that are not polyploid and demonstrates how these or-
ganization patterns differ from those previously encountered in
cycling cell types. Unfortunately, it is not clearly understood
why nuclei differentiate at all. However, nuclear differentiation
is a real phenomenon. It is clearly important to consider cell
type in any analysis of intranuclear organization, since with
changing cell type, different intranuclear organizations are
likely to be encountered.

Noncycling, differentiated cells that are diploid (or haploid,
as in lower-plant thalli) can have much more nuclear variation
than the cycling cells from which they were derived. Nuclei can
differ in shape; volume (18); organization of chromatin and
chromosomes (111); size, number, and distribution of nucleoli
(127); and distribution of nuclear proteins (160). One of the
most obvious examples of nuclear differentiation without
polyploidy is found in mammalian blood cell types, where
nuclei can be highly lobed (Fig. 3B), and in spermatogenesis,
where nuclei may take on extremely elongated morphologies
(Fig. 1S).

Nuclear differentiation and nuclear proteins. Electron mi-
croscopy of nuclei from differentiated, noncycling cells that
have not undergone polyploidy shows that some cell types can
accumulate intranuclear proteins and that these can appear as
crystals, crystalline bodies, coiled bodies, or electron-dense
structures (153). An example of how nuclear proteins can
change during development can be seen in the moss Funaria
hygrometrica. In apical haploid cells of the caulonemata, a
component of the pre-mRNA splicing machinery (the D
polypeptide) occurs dispersed across the volume of the nucleus
but outside the nucleolus. In derived cells behind the apex,
which do not divide, a single coiled body is additionally ob-
served. The coiled body is associated with the nucleolus and is
found in all remaining cells of the caulonemata irrespective of
ploidy level (92, Fig. 1M and N). However in differentiated
haploid cells of the thallus, all nuclei have two coiled bodies
associated with the nucleolus (Fig. 1O). Therefore, haploid
cells of different F. hygrometrica tissues regularly have no, one,
or two coiled bodies depending on the particular cell type
examined.

Cell-type-specific distributions of snRNPs involved in pre-
mRNA splicing have also been observed in mammals. In this
case the examples come from cell cultures from different tis-
sues. Zirbel et al. (160) used immunocytochemistry to examine
the distribution of snRNPs in 10 different primary mammalian
cell cultures and found cell type differences with signal in a
dispersed, patchy, or speckled distribution in some nuclei,
while others had additional larger foci at the surface of chro-
mosome domains. These differences presumably represent dif-
fering specific or total activities of the different cell types.
Sahlas et al. (137) showed that the distributions of snRNP, the
non-snRNP splicing factor SC-35, and nuclear actin were dif-
ferent in cultured neuronal and nonneuronal cell types. Once
again, the differences probably reflect the different total activ-
ities of the cell types. However, in all these cases the underlying

VOL. 64, 2000 INTERPHASE NUCLEUS ORGANIZATION 147



reasons for the different distribution patterns are unknown,
since all the cells have a requirement for pre-mRNA splicing.

Nuclear differentiation and DNA condensation. The amount
and distribution of condensed chromatin can vary without
polyploidy in different nuclei of the same organisms. Exami-
nation of electron microscopic ultrastructure in a range of cell
types of the same organism will reveal much variation (com-
pare Fig. 3A and B). At its extreme, chromatin can be com-
pletely condensed, as occurs in sperm nuclei of locust (Fig. 1S).
Rae and Franke (132) localized heterochromatin in interphase
nuclei by in situ hybridization to sections of different mouse
tissues. They observed cell type patterns of chromatin conden-
sation in Sertoli cells and spermatids of the testis. Later, Chand-
ley and Speed (36) showed that during puberty and the onset
of spermatogenesis in mice, the condensation of the Y chro-
mosome changes. In prepubertal Sertoli cells, which are a
cycling cell type, the Y chromosome is condensed, while in
primordial germ cells, it is more decondensed. Later in devel-
opment, and coinciding with the first appearance of sperma-
tids, the prepubertal Sertoli cells mature and cease to divide.
This is associated with a decondensation of the Y chromo-
some. Thus, condensation patterns of individual chromosomes
are associated with changing cell activity associated with de-
velopment.

Nuclear differentiation and the distribution of chromatin
and chromosomes. Chromatin and chromosomes can redistrib-
ute in the absence of nuclear polyploidy during cell differen-
tiation. During spermatogenesis, the nuclei of some animals
and lower plants can undergo dramatic reorganization associ-
ated with substantial nuclear elongation. In vertebrate sper-
matogenesis, CREST sera raised against centromeres in hap-
loid developing sperm show that development is associated
with the pairing of at least some heterologous centromeres
(65). In the locust Schizocerca gregaria, probes against rDNA
reveal two loci in early spermatogonia (Fig. 1P and Q). With
maturation, the nuclei elongate enormously and, as they do,
the rDNA elongates and then migrates to the base of the
nucleus (Fig. 1R to T). Similar observations have also been
made during spermatogenesis in planarians (85). The factor
that drives these chromatin relocations is unknown.

In the formation of blood cell types, some extremely differ-
entiated forms of nuclei can be observed. For example, mam-
malian neutrophils have nuclear lobes separated by regions
that are highly constricted and contain very little chromatin (as
in the granulocyte [Fig. 3B]). In human females, the inactive X
chromosome occurs in a minor lobe described as a drumstick
(114). Likewise, in males, the Y chromosome may be found in
a club-shaped minor lobe (96). These observations led Sanchez
et al. (138) to question whether the major lobes of the neutro-
phil nuclei also had characteristic chromosome contents. They
investigated the distribution of the sex chromosomes and au-
tosomes 2 and 18 by using chromosome paints and found the
distribution of chromosomes in the major lobes to be variable,
although there were significant biases toward cosegregation of
the two X chromosomes in four lobed female neutrophils and
of both homologues in the same lobe.

Close homologue pairing is a feature of the diptera at meta-
phase (68) and in polytene nuclei (122), and it can be assumed
to occur in other differentiated cells on the basis of analysis of
gene expression patterns. Pairing may be responsible for the
trans-sensing (transvection) effects described by Tartof and
Henikoff (148), whereby the expression of a gene is influenced
by the gene sensing its homologue. Tartof and Henikoff (148)
viewed the trans-sensing phenomenon as a pathway of inter-
actions whose final physiological result was appropriate gene
expression. This may be mediated via the diffusion of gene

products or transcription precursors between closely situated
chromosomes.

Leitch et al. (97) speculated that a reorganization of chro-
mosomes giving rise to homologue pairing was associated with
cell differentiation in human cells. No marked association of
homologues was observed in cycling cells (see above). How-
ever, several differentiated noncycling cell types do show ho-
mologue pairing. In cerebellar cell nuclei, chromosomes 1 and
17 are associated (7, 8). In human Sertoli cells, the homologues
of chromosomes 3, 7, 8, and 17 were associated in 53 to 70% of
cells as opposed to only 24 to 30% in phytohemagglutinin-
stimulated lymphocytes, which are cycling cells (Fig. 5). Inter-
estingly, chromosomes 13 and 21, which are nucleolus-organiz-
ing chromosomes, are similarly distributed in Sertoli cells and
stimulated lymphocytes, and this is probably because these
chromosomes have a tendency to cluster owing to their activity
in the formation of the nucleolus (37).

In cereals, root tip cycling cells do not show pairing of
homologous chromosomes (2). However, this might not be the
case in derived differentiated cell types. Aragon-Alcaide et al.
(6) used GISH with total genomic DNA from barley and ob-
served homologue pairing of two barley chromosomes in pre-
meiotic anther cells of a wheat cultivar carrying a barley sub-
stitution. Interestingly, when homologue pairing becomes
apparent in the developing meiocytes, the tapetal cells that
surround them, which do not themselves undergo meiosis, also
show homologous chromosome associations. This suggests that
homologue pairing and meiosis are independent processes.
Perhaps there is also a diffusable factor from the meiocytes or
the tapetal cells which promotes the homologue associations.

Other chromosome interactions may also be important, such
as those predicted in the models of Bennett (18, 19) and
Nagele et al. (120, 121). However, distribution patterns can
change with cellular activity. Borden and Manuelidis (22) ex-
amined the distribution of the X chromosome in human neu-
rons. They showed that in individuals with epilepsy, relocation
of an X chromosome centromere to a more internal nuclear
position was associated with the different cellular activities of
the neurons in epileptic individuals.

This section has demonstrated that nuclei can reorganize
substantially without nuclear polyploidy during development.
Indeed, almost any aspect of nuclear organization examined
will reveal cell-type-specific patterns. However, data sets show
clearly that nuclear organization is not identical in every cell of

FIG. 5. Graph to show the association of homologous chromosomes in non-
dividing adult human Sertoli cells (open) and stimulated lymphocytes (solid).
The distribution of chromosomes is significantly different between Sertoli cells
and stimulated lymphocytes for chromosomes 3, 7, 8, and 17. Only for the
acrocentric chromosomes 13 and 21, which form nucleoli in the center of the
nucleus in both cell types, are there similar distributions. Chandley et al. (37)
suggested that homologue pairing was a feature associated with cell differentiation.
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a type. It is only possible to speculate about the reasons for the
variability. Perhaps the reasons relate to different activities of
individual cells being examined or some lack of uniformity in
the cell types being investigated.

The review now considers nuclear differentiation associated
with apoptosis (PCD). Here, too, the nucleus is intimately
involved. Interestingly, PCD is first observed in the nucleus,
many of the defining features of PCD centre on nuclear mor-
phology, and the nucleus is the last structure to disappear with
the death of the cell.

Nuclear Disintegration

PCD is crucial in development. It is now the subject of
intense interest to developmental biologists (see, for example,
reference 113). Many of the characters which define PCD and
distinguish it from necrosis relate to the nucleus. PCD char-
acteristics include the marginalization and condensation of
chromatin in the nucleus, internucleosomal DNA fragmenta-
tion, nuclear shrinkage, membrane blebbing associated with
membrane retention, and sequestration of the cellular compo-
nents into intact membrane-bound vesicles termed apoptopic
bodies (88). The nuclear envelope survives until quite late in
the process, being one of the last structures to disappear with
autolysis of the cell (15). The fragmentation of nuclear DNA,
typically into ;50-kb fragments (39), is one of the best-defined
biochemical events of PCD. These fragments can be detected
in vitro by electrophoresis and in vivo by terminal deoxynucleo-
tidyl transferase-mediated dUTP nick end labelling (TUNEL)
of DNA (58).

PCD is intimately associated with a family of intracellular
cysteine proteases, called caspases, which are believed to bring
about many of the morphological changes observed in the cell
(82, 119, 123). For example, nuclear structure is thought to be
lost in mammalian cells when caspases disassemble the nu-
clear lamina involved in maintaining nuclear integrity (150).
Caspases have been found in organisms ranging from the nem-
atode Caenorhabditis elegans to humans.

Cells undergoing PCD have been investigated by cell biolo-
gists for many years, and elegant studies have been conducted
(although most papers are not couched in the modern termi-
nology associated with PCD). For example, in Zea mays root
cap development, the nuclei undergo many changes over a few
hundred micrometers of root tissue. The cells replicate from
2C up to 8C, a process accompanied by increased nuclear
volume and increased condensed chromatin. Then, apoptosing
nuclei become highly heterochromatinized and pycnotic; this is
followed by nuclear degradation and DNA loss. Nevertheless,
these dying cells still take up [3H]uridine, showing that RNA
synthesis is still occurring during nuclear degradation and apo-
ptosis (14).

Although the nucleus is one of the first structures where the
initiation of PCD can be detected, only one work (as far as I
am aware) addresses nuclear disintegration systematically us-
ing in situ probes and chromosome paints (A. Jausch, C. Len-
gauer, B. Schoell, H. H. Holtgreve-Grez, and T. Cremer, Cyto-
genet. Cell Genet. 77:22, 1997 [abstract]). This subject will
surely be a fruitful area for considerable study. In the intrigu-
ing situations where the nucleus disintegrates but the cell con-
tinues to survive, for example in the formation of erythrocytes
in mammals and sieve elements in plant, it is likely that only
part of the PCD pathway has been activated. Comparing nu-
clear disintegration in these tissues with that in cells undergo-
ing complete PCD is likely to shed much light on the nuclear
processes involved and on PCD in general.

CONCLUDING STATEMENT AND
FUTURE DIRECTIONS

Current data suggest that the nucleus of each cell type has a
structured framework within which local changes in the orga-
nization and distribution of proteins and nucleic acids can
occur with changing cell activity. The structured framework
appears to change fundamentally during cell differentiation,
establishing new patterns that are characteristic of that cell
type. It is thus of absolute importance to define cell type in
performing experiments to analyze nuclear structure.

The many results described here suggest that chromatin,
chromosome, and nuclear organization are important to the
control of development and differentiation; the central ques-
tion is, what is that role? At present it is only possible to
speculate on its identity. (i) One possible function is to bring
individual genes or clusters of genes required for the particular
cell type into transcriptionally active regions of the nucleus.
Immunocytochemical methods have already shown that tran-
scription is highly compartmentalized within the nucleus (33,
34). Thus, genes or gene clusters may have to be brought into
regions of the nucleus which are transcriptionally or DNA
replication active. In cells where a particular activity is not
required, chromatin may be “moved” away into sectors of the
nucleus to become inactive. (ii) A second possible function is
to bring individual genes or banks of genes on chromosome
arms into close proximity to their homologous partner or to
gene regulators and promoters on heterologous chromosomes.
Clearly, chromosomal interactions need not necessarily occur
only between homologous chromosomes, and, as already de-
scribed, heterologous associations have been reported, for ex-
ample in the distribution of centromeres in vertebrate sper-
matogonia (65), the organization of chromosomes in human
fibroblasts (120), and the distribution of D. melanogaster poly-
tene chromosomes (74).

More well-targeted experiments and developmental analyses
of nuclear reorganization are needed to more fully understand
the role of nuclear reorganization in development. Time
course experiments are powerful, as so elegantly shown in
Bajer’s (11) cine films of mitosis. Later, Oakley (125) studied
meiosis in vivo in the nematode Mesostoma ehrenbergii and
showed shuffling of chromosomes into haploid sets, giving
hints about some cellular recognition system for chromosome
identity. More recently, Abney et al. (1), Zink et al. (159), and
Li et al. (104) used fluorochromes to analyze chromatin mo-
bility over time, and these studies together are starting to give
us insight into the dynamics of interphases. More of these
experiments are needed, in particular to monitor individual
nuclei in cell lineages over time during development. As Ther-
man (149) rightly says, “the field is ripe for exploration.”
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